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Polylactic acid (PLA) is a biodegradable polyester derived from renewable resources, which is a 
leading candidate for the replacement of traditional petroleum-based polymers. Since the global 
production of PLA is quickly growing, there is an urgent need for the development of efficient 
recycling technologies, which will produce lactic acid instead of CO2 as the final product. After 
screening 90 purified microbial α/β-hydrolases, we identified hydrolytic activity against 
emulsified PLA in two uncharacterized proteins, ABO2449 from Alcanivorax borkumensis and 
RPA1511 from Rhodopseudomonas palustris. Both enzymes were also active against emulsified 
polycaprolactone and other polyesters, as well as against soluble α-naphthyl and p-nitrophenyl 
monoesters. In addition, both ABO2449 and RPA1511 catalyzed complete or extensive 
hydrolysis of solid PLA with the production of lactic acid monomers, dimers, and larger 
oligomers as products. The crystal structure of RPA1511 was determined at 2.2 Å resolution and 
revealed a classical α/β-hydrolase fold with a wide-open active site containing a molecule of 
polyethylene glycol bound near the catalytic triad Ser114-His270-Asp242. Site-directed 
mutagenesis of both proteins demonstrated that the catalytic triad residues are important for the 
hydrolysis of both monoester and polyester substrates. We also identified several residues in 
RPA1511 (Gln172, Leu212, Met215, Trp218, and Leu220) and ABO2449 (Phe38 and Leu152), 
which were not essential for activity against soluble monoesters, but were found to be critical for 
the hydrolysis of PLA. Our results indicate that microbial carboxyl esterases can efficiently 





In the second half of the 20th century, plastics became one of the most universally used and 
multi-purpose materials.1 The annual worldwide plastics production has increased 5% during the 
last 20 years with almost 300 million tons of synthetic plastics produced from petroleum 
resources in 2014.2, 3 However, global utilization of plastics in large quantities results in 
environmental pollution and depletion of non-renewable natural resources.1, 4 Therefore, the 
substitution of petroleum-based plastics with bio-based and biodegradable polymers (bioplastics) 
is seen as an important transition because it will reduce the utilization of fossil fuels and the 
pressure on landfills.5-7 Polylactic acid (PLA) and polyhydroxyalkanoates (PHA) are promising 
bioplastics as they can be made from renewable feedstocks, they can be composted or recycled, 
and their production processes may be more energy efficient, while preserving the stability, 
durability, and functionality of traditional plastics.8-10  
Currently, global bioplastics production is increasing almost 40 % annually with PLA and its 
copolymers occupying over 20% of the bioplastics market. These polymers have excellent 
properties including processability, transparency, biocompatibility, compostability and low 
toxicity.11 PLAs are produced from renewable biomass using a combination of fermentative 
production of lactic acid (LA) and chemical polymerization. PLA is obtained primarily by ionic 
polymerization of lactide, a circular dimer of two lactic acid molecules, or directly from lactic 
acid by polycondensation.12 Lactic acid has two optically active (chiral) forms: L-lactic acid and 
D-lactic acid. Therefore, PLA can exist in different isomeric forms (LL, DD, DL) and as 
copolymers with other polymers. In the 1960s, PLA found its first use in the medical field as a 
bio-absorbable and biodegradable material.13 After 1980, growing environmental awareness, as 
well as rising costs and limited oil resources brought more attention to renewable and 
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biodegradable materials like PLA.9 There is now a rich literature describing the microbial 
degradation of PLA by fungi, actinomycetes, and bacteria (Pseudomonas, Staphylococcus, 
Burkholderia, Bacillus). 9, 14, 15 
Waste plastics of all kinds that have reached the end of their useful life are disposed of in 
either a controlled or uncontrolled way in the terrestrial or aquatic environment.9 To make most 
effective use of limited carbon resources, waste products must be reused or recycled. 
Depolymerization of PLA and other polymers and reutilization of monomers for new plastic 
synthesis are attractive recycling options.  Physical, thermal, and chemical depolymerization 
have been considered and sometimes implemented by industry.9, 16 Enzymatic depolymerization 
is a rather new recycling approach that has several advantages including low energy 
consumption, mild reaction conditions, and the possibility for stereo-specific biopolymer 
degradation and enzymatic repolymerization of the resultant monomers.9, 17, 18 
The first report on the enzymatic hydrolysis of PLA by proteases was published by Williams in 
1981.19 Later, several lipases and esterases were reported to be active in PLA hydrolysis.20-23 
When acid, neutral, and alkaline proteases were compared for the hydrolysis of the high 
molecular weight PLA, only alkaline proteases showed significant activity, whereas all 
commercial lipases were inactive.24, 25 Subsequently, PLA degrading enzymes from different 
strains of Amycolatopsis were identified as proteases, the enzymes from Cryptococcus sp. strain 
S-2 and Aspergillus oryzae RIB40 as cutinases, whereas the Paenibacillus amylolyticus PlaA and 
metagenomic PlaM4 as lipases, and ABO1197 and ABO1251 from Alcanivorax borkumensis as 
esterases.23, 26-31 It has been shown that enzymatic degradation of PLA by proteinase K follows a 
surface erosion mechanism with the rate of hydrolysis proportional to the exposed surface.32-35 
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Most of these PLA degradation studies were performed using poly(L-lactic acid) (PLLA) as 
substrate, whereas only one report was published using poly(D-lactic acid) (PDLA) 
demonstrating that proteinase K degraded PLLA, but not PDLA.36 Recently, enzymatic 
degradation of PDLA was reported, and a classification of PLA depolymerases into two types, 
one with preference towards PLLA (type I, protease-type) and another with preference to PDLA 
(type II, lipase/cutinase-type) was proposed.13 This work also demonstrated that a cutinase-type 
enzyme from Cryptococcus sp. strain S-2 can attack amorphous regions in a PLLA/PDLA blend 
with a preference for PDLA. Although a significant number of PLA depolymerizing enzymes 
have been identified and partially characterized, the crystal structure of a PLA depolymerizing 
enzyme has not yet been available, and the molecular mechanisms of PLA binding and 
hydrolysis remain unknown. 
In this study, we screened 90 purified uncharacterized microbial hydrolases and identified two 
PLA active esterases, ABO2449 from Alcanivorax borkumensis and RPA1511 from 
Rhodopseudomonas palustris. Here, we present the detailed biochemical and structural 
characterization of these PLA depolymerases using emulsified and solid PLA and several other 
polyesters, as well as monoester substrates. With solid PLA as substrate, ABO2449 and 
RPA1511 produced a mixture of lactic acid monomers and various oligomers as hydrolysis 
products. The crystal structure of RPA1511 revealed an open active site with a molecule of 
polyethylene glycol bound near the catalytic Ser114 residue. Site-directed mutagenesis of both 




Materials. All substrates used in this project (if not stated otherwise) were of analytical grade 
with uncapped polymer ends, purchased from Sigma-Aldrich (St. Louis, MO, USA) including 
poly (DL-lactide)  PLA10 (average molecular weight Mw 1.0-1.8 × 10
4), and PLA18 (Mw 1.8-2.4 
× 104), as well as polycaprolactone PCL10 (Mw 1.0 × 10
4), PCL 45 (Mw 4.5 × 10
4), PCL70 (Mw 
7.0-9.0 × 104), poly (DL-lactide-co-glycolide), poly (ethylene succinate), poly [(R)-3-
hydroxybutyric acid], and poly (3-hydroxybutyric acid-co-3-hydroxyvaleric acid). Poly (DL-
lactide)  PLA2 (Mw 0.2  × 10
4) and PLA70 (Mw 7.0 × 10
4), poly (L-lactide) PLLA40 (Mw 4.0 × 
104), poly (D-lactide) PDLA10 (Mw 1.0-1.5 × 10
4), and the decanoyl capped poly (DL-lactide) 
PLA10 substrates with the blocked alcohol, or acid or both polymer ends were obtained from 
PolySciTech (Akina Inc., West Lafayette, IN, USA). Commercial-grade PLA polymers 
(IngeoTM 4032D, and IngeoTM 6400D) were products of NatureWorks LLC, NE, USA, 
whereas polybutylene succinate (BionolleTM 1001MD, and BionolleTM 1020MD) and 
polybutylene succinate-co-adipate (BionolleTM 3001MD, and BionolleTM 3020MD) were 
supplied by Showa Denko K.K., Japan. Plysurf A210G, the surfactant used in polymer 
emulsification, was purchased from Dai-ichi Kogyo Seiyaku Co. (Tokyo, Japan). 
Gene cloning, mutagenesis, and protein purification. The ABO2449 and RPA1511 coding 
sequences (GenBank® accession numbers YP_694169 and NP_946859 respectively) were PCR 
amplified using Al. borkumensis and R. palustris genomic DNA as the templates. The PCR 
products were cloned as described previously into a modified pET15b (Novagen) vector 
containing an N-terminal 6His tag.37 The plasmids were transformed into Escherichia coli BL21 
(DE3) Codon-Plus strain (Stratagene) as expression host. Recombinant proteins were 
overexpressed and purified to homogeneity (>95%) using metal-chelate affinity chromatography 
on Ni-NTA Superflow (Ni2+ -nitrilotriacetate; Qiagen) resin as well as ion exchange 
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chromatography on a Mono Q GL 10/100 column (GE Healthcare) equilibrated with 10 mM 
HEPES (pH 7.5), 0.25 M NaCl and 1 mM TCEP [tris-(2-carboxyethyl)phosphine].37 The amino 
acid residues of interest were mutated to alanine using a method based on the QuickChange® 
site-directed mutagenesis kit (Stratagene). Wild type ABO2449 and RPA1511 gene constructs in 
pET15b vector were used as templates, and mutations were verified by DNA sequencing. The 
overexpression and purification of mutant proteins were conducted in the same manner as 
described for wild-type proteins. Multiple sequence alignment was conducted on the EMBL-EBI 
server powered by Clustal Omega v1.2.1, whereas the phylogenetic analysis was performed 
using MEGA v6.06 and neighbor-joining method.38, 39 
Enzymatic assays. To measure the carboxyl esterase activity, pNP (p-nitrophenyl) or α-
naphthyl esters of different fatty acids (0.25-2.0 mM) were used as substrates in a reaction 
mixture containing 50 mM HEPES-K buffer (pH 8.0) and enzyme (0.05-10.0 μg of purified 
protein/reaction).37 Enzymatic assays were conducted in triplicate at the standard temperature of 
30 °C in a 96-well plate format with 200 μl total volume of each reaction mixture. The amount of 
p-nitrophenol or α-naphthol released was quantified spectrophotometrically at 410 nm (ε = 15.0 
mM-1 cm-1) and 310 nm (ε = 3.0 mM-1 cm-1) respectively. The hydrolytic activity against a 
library of 86 monoester substrates (Table S1) was assayed spectrophotometrically using a pH 
shift-based assay as described previously.31 Briefly, the reaction mixtures (150 μl) containing 2 
mM BES buffer (pH 7.2), 0.45 mM p-nitrophenol, 2 mM different ester substrates and 0.1-2 μg 
of enzymes were incubated at 30 °C for 10 minutes, and the esterase activity was calculated 
based on the absorbance of p-nitrophenol at 404 nm (ε = 17.3 mM-1 cm-1) due to the pH shift. To 
determine the Km and Kcat values, the enzymatic assays were conducted using substrates at 
concentrations of 0.005-2.0 mM.37 Kinetic parameters were determined by curve fitting (non-
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linear regression) from the Lineweaver-Burk plot using GraphPad Prism software (version 5.0 
for Mac, GraphPad Software, CA, USA). 
Analysis of polyester-degrading activity. To determine the polyester hydrolysis activity, 
emulsified PLA and other aliphatic polyesters were used as substrates. The polymer emulsions 
were prepared as described previously40 except that 50 mM Tris-HCl buffer (pH 8.0) was used as 
the aqueous phase. The polymer emulsions were solidified with agarose (1.5 %, w/v) to make a 
uniformly turbid gel in 150 mm cell culture dishes with 20 mm grids. 32 wells (3 mm diameter) 
were punched aseptically in the agarose gel and each well was loaded with purified proteins (20 
µl/well, 5-50 µg) to be screened for polyester-degrading activity. Sealed plates were incubated at 
30 °C for 3 weeks and visually inspected on a daily basis. The formation of a translucent halo 
around the well was interpreted as the presence of polyester-degrading activity in the protein in 
the well.40 In a quantitative approach, polymer emulsions were diluted with 50 mM Tris-HCl 
buffer (pH 8.0) to obtain a consistent turbidity with a final optical density (OD580) 1.0-1.2 at 580 
nm. Enzyme assays (total volume 200 μl) were conducted by adding 50 μg of purified protein to 
each reaction in 96-well plates at 30 °C for 2 hours. The optical density of reaction mixtures was 
monitored at 5 min intervals, and the decreased turbidity was interpreted as the presence of 
polyester-degrading activity.23 In order to identify depolymerase activity toward solid PLA 
substrates, a certain amount of PLA powder (10-12 mg) was incubated in a 1.0 ml reaction 
mixture (0.4 M Tris-HCl buffer, pH 8.0, 50 μg of enzyme) for 36 hours at 35 °C with shaking. 
Samples were taken at different time intervals, clarified using centrifugal filters with a 
polyethersulfone (PES) membrane (MW cut-off 10 K) and subjected to lactate measurement 
using a lactate dehydrogenase (LDH) assay41 which enabled the detection of both D- and L- 
enantiomers of lactic acid with high sensitivity. In parallel, the 90 μl flow-through aliquots were 
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treated with 10 M NaOH (10 μl) at high temperature (95 °C, 5 min) before lactate measurement 
in order to convert all oligomeric lactate products to monomeric lactic acid. While L-lactic acid 
dehydrogenase from rabbit muscle was purchased from Sigma-Aldrich (St. Louis, MO, USA), 
the D-lactic acid dehydrogenase (D-LDH3) from Lactobacillus jensenii42 was heterologously 
expressed in E. coli and purified in our lab. Both enzymes were added in excess (500 μg/ml) to 
maintain the reaction rate in the first order with lactate concentration. 
LC-MS analysis. The analysis of the PLA depolymerization products was performed using 
reverse phase liquid chromatography 43, coupled with mass spectrometry (LC-MS). Briefly, the 
aqueous phase of solid PLA10 depolymerase assays were collected, filtered by centrifugation 
and directly applied to the LC-MS instrument. The platform consists of a Dionex Ultimate 3000 
UHPLC system and a Q-Exactive mass spectrometer equipped with a HESI source (all from 
Thermo Scientific). Control of the system and data handling were performed using Thermo 
XCalibur 2.2 software and Chromeleon 7.2 software.  Product separation by liquid 
chromatography was conducted on a Varian C18 column (3.9 mm × 150 mm, 5 µm particle size) 
equipped with a guard column.  The pump was run at a flow rate of 300 µL/min.  Solvent A was 
water containing 0.05 % formic acid; solvent B was 0.05 % formic acid in acetonitrile. The 
gradient was 0 - 5.7 min 2 % B, 5.7 - 76.5 min gradient to 100 % B, 76.5 -86 min 100 % B, 
followed by equilibration at 2 % B for 9 min.  Autosampler temperature was maintained at 4°C 
and injection volume was 10 µL.  Data collection was done in negative ionization mode with a 
scan range m/z 80-1000, resolution 70 000 at 1 Hz, AGC target of 3e6 and a maximum injection 
time of 200 ms. 
Gel permeation chromatography (GPC) analysis. After enzymatic treatment, the remaining 
solid PLA was collected by centrifugation, dissolved in tetrahydrofuran (THF), cleared by 
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filtration through syringe filters (CHROMSPEC, 0.22 µm) and analysed by GPC using a Waters 
2695 GPC system equipped with an RI detector (Waters 2414) and a PDA detector (Waters 
2998) as well as two tandem Styragel columns (5 μm, HR 4E 7.8 × 300 mm, 30 °C). THF was 
used as the eluent at a flow rate of 1.2 mL·min−1. Molecular weight of reaction products was 
determined using a linear calibration curve determined with narrow dispersed polystyrene 
standards (580-156000 Da). 
Protein thermodenaturation studies. The thermostability of the enzymes was measured 
using static light scattering on a StarGazer instrument as described previously.44 The protein 
samples in 50 μl aliquots (0.4 mg/ml) were added to each well of a clear-bottom 384-well plate 
(Nunc, Rochester, NY) containing buffer solutions of different pH values and overlaid with 50 μl 
of degassed mineral oil. The protein aggregation was monitored with a CCD (charged-coupled 
device) every 30 s following a temperature increase from 27 to 80 °C at a rate of 1 °C/min. The 
changes in scattered light were interpreted to different pixel intensities recorded from each well. 
The resulting data were integrated and plotted as a function of temperature increase and fitted to 
the Boltzman equation by non-linear regression. The temperature of aggregation (Tagg) was 
defined as the inflection point of resulting curves for each protein.44 
Crystallization and structure determination of RPA1511. The sitting-drop vapor-diffusion 
method was used to obtain selenomethionine-substituted crystals of RPA1511 at room 
temperature. Crystals were grown by mixing 1 μl of the protein (10 mg/ml) with 1 μl of the 
crystallization solution containing (0.2 M K-thiocyanate, 20 % PEG 3350, 4 % Jeffmine M-600, 
1/300 trypsin). Crystals were stabilized with crystallization buffer containing 7 % of PRG 200, 7 
% sucrose and 7 % glycerol, followed by cryoprotection in Paratone-N prior to flash freezing in 
liquid nitrogen. RPA1511 crystals belong to the orthorhombic space group I222, with the unit 
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cell parameters a=80 b=87.4 c=93.7, α = β = γ = 90° (Table S5). Data were collected at the 
beamline 19-ID of the Structural Biology Center, Advanced Photon Source, Argonne National 
Laboratory45, and processed using the program HKL3000.46 The structure of RPA511 was 
determined by SAD phasing, density modification and model building as implemented in the 
HKL3000 software package.  An initial model was rebuilt manually using the program COOT47 
and refined with the PHENIX48 and REFMAC49 programs. The final model was refined 
to Rwork/Rfree =0.181/0.221, and it showed good geometry with no outliers in the Ramachandran 
plot. Data collection and refinement statistics are summarized in Table S5. Electrostatic 
calculations of RPA1511 surface potential were performed using the PDB2PQR server and 
APBS program, and were rendered using Pymol.50, 51 The atomic coordinates have been 
deposited in the Protein Data Bank, with accession code 4PSU. 
 
RESULTS AND DISCUSSION 
Screening of purified α/β-hydrolases for hydrolytic activity against PLA. To identify novel 
PLA degrading enzymes, we screened 90 purified uncharacterized hydrolases from sequenced 
microbial genomes using two high-throughput assays, an agarose gel-based solid phase assay, 
and a liquid turbidimetric assay. Both assays were performed with the poly (DL-lactic acid) 
substrate PLA10 with uncapped (free) polymer ends and emulsified using Plysurf A210G as 
emulsification detergent. The recently identified PLA degrading enzyme PlaM4 from a 
metagenomic gene library29 was used as a positive control. Both screens demonstrated the 
presence of PLA depolymerase activity in the microbial proteins ABO2449 from Al. 
borkumensis and RPA1511 from R. palustris (Figure 1, Table 1, Figure S1). ABO2449 showed 
the highest activity in both agar-based and liquid turbidimetric assays, clearing the reaction 
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mixture within 1 hour of incubation at 30 °C (Figure 1, Figure S1). PlaM4 was more active than 
RPA1511 in agar-based screens, but RPA1511 showed higher activity in the absence of 
detergents (Figure 2). Although PlaM4 was capable of producing a clear halo on agarose plates 
containing emulsified PLA10 within 48 hours, it catalyzed only a 58% reduction in turbidity in a 
liquid turbidimetric assay with the same substrate. The solid-phase agarose clearance assay 
provided higher sensitivity compared to the liquid turbidimetric protocol, especially with high 
molecular weight PLA. 
 
 
Figure 1. Hydrolytic activity of purified RPA1511 and ABO2449 against emulsified PLA. Solid 
phase agarose gel-based PLA depolymerase assay with emulsified PLA10 as substrate showing 
the formation of a clear zone (a halo) around the wells (shown against a white background). 
Agarose (1.5 %) contained 0.2 % emulsified PLA10 in 50 mM Tris-HCl (pH 8.0).  The wells 
were loaded with 50 μg of purified protein (RPA1511, ABO2449, PlaM4, or porcine liver 
esterase, PLE) and incubated at 30 °C for 72 h. PlaM4 and PLE were used as positive and 
negative controls, respectively. 
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Purified ABO2449 and RPA1511 were also tested for hydrolytic activity against a range of 
emulsified PLA polymers and other polyesters with different molecular weights and 
enantiomeric compositions (Table 1). Based on solid-phase agarose clearance assays, both 
RPA1511 and ABO2449 degraded several poly (DL-lactide) substrates with different chain 
lengths including PLA2, PLA10, PLA18, and PLA70. However, these enzymes and PlaM4 were 
inactive against the enantiopure emulsified poly (L-lactide) and solid poly (D-lactide) suggesting 
that they hydrolyze only PLA substrates with repetitive D-L units. This might be attributed to a 
higher degree of crystallinity of enantiopure polymers thereby decreasing the polymer 
degradation.52 However, proteinase K and the cutinase-like enzyme from Cryptococcus sp. strain 
S-2 hydrolyzed both amorphous and homocrystalline regions of PLLA and PDLA, 
respectively.13  
Both RPA1511 and ABO2449 were also active against polycaprolactone (MW 10K, 45K, and 
70K), poly(DL-lactide-co-glycolide), and poly(butylene succinate-co-adipate) (PBSA; Bionolle™ 
3001MD and Bionolle™ 3020MD) (Table 1). In contrast to RPA1511, ABO2449 also hydrolyzed 
poly(3-hydroxybutyric acid-co-3-hydroxyvaleric acid), poly(ethylene succinate) and the 
commercial-grade polyesters Ingeo™ 6400D and Ingeo™ 4200D (Table 1). However, both 
enzymes were inactive against poly[(R)-3-hydroxybutyric acid] (PHB), Bionolle™ poly(butylene 
succinate) 1001MD, and Bionolle™ poly(butylene succinate) 1020MD. Of two extracellular PHB 
depolymerases recently purified from Pseudomonas mendocina, PHAase I showed no activity 
against PLA, whereas PHAase II degraded both PHB and PLA.53 The polymeric substrate profile 
of RPA1511 was similar to that of PlaM4, whereas ABO2449 showed a broader substrate range. 
Sequence analysis of ABO2449 and RPA1511. Based on sequence, both ABO2449 and 
RPA1511 belong to the vast α/β hydrolase-fold superfamily, which includes structurally related 
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proteins with diverse catalytic and non-catalytic functions.54 A GenBank search revealed 38 
uncharacterized proteins homologous to ABO2449 (42-90% sequence identity), mostly from 
hydrocarbonoclastic (oil-degrading) bacteria including Alcanivorax spp., Amycolicicoccus 
subflavus, Marinobacter nanhaiticus, and Hydrocarboniphaga effusa, as well as from 
Rhodopseudomonas palustris and several Bradyrhizobiacea. Similarly, the list of proteins 
homologous to RPA1511 includes several proteins from different strains of R. palustris and 
Bradyrhizobium spp. (69-99% sequence identity). Many of the RPA1511 homologous sequences 
are annotated as protoporphyrin IX magnesium chelatase accessory proteins, but the presence of 
this activity has not been demonstrated experimentally. ABO2449 and RPA1511 showed low 
sequence similarity to each other (less than 30% sequence identity), which was limited to the 
catalytic triad residues and several hydrophobic residues (Figure S2).  
 
Table 1. Hydrolytic activitya of purified RPA1511 and ABO2449 against various polyesters 
Substrate RPA1511 ABO2449 PlaM4 
1. Poly (DL-lactide) Mw 2K (PLA2) + + + 
2. Poly (DL-lactide) Mw 10K (PLA10) + + + 
3. Poly (DL-lactide) Mw 18K (PLA18) + + + 
4. Poly (DL-lactide) Mw 70K (PLA70) + + + 
5. Poly (L-lactide) Mw 40K (PLLA40) − − − 
6. Poly (D-lactide) Mw 12K (PDLA12) − − − 
7. Poly (D-lactide) Mw 124K  (PDLA124)b − − − 
8. Poly (DL-lactide) Mw 10K (PLA10ac),       
decanoyl-capped acid end 
+ + + 
9. Poly (DL-lactide) Mw 10K (PLA10al),      
decanoyl-capped alcohol end 
+ + + 
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10. Poly (DL-lactide) Mw 10K (PLA10di),          
di-decanoyl-end capped 
+ + + 
11. Ingeo™ PLA6400 − + − 
12. Ingeo™ PLA4032 − + − 
13. Poly (DL-lactide-co-glycolide) + + + 
14. Poly[(R)-3-hydroxybutyric acid] − − − 
15. Poly(3-hydroxybutyric acid-co-                            
3-hydroxyvaleric acid) 
− + + 
16. Polycaprolactone Mw 10K (PCL10) + + + 
17. Polycaprolactone Mw 45K (PCL45) + + + 
18. Polycaprolactone Mw 70K (PCL70) + + + 
19. Bionolle™ Polybutylene succinate 1001MD − − − 
20. Bionolle™ Polybutylene succinate 1020MD − − − 
21. Bionolle™ Polybutylene succinate-co-adipate + + + 
22. Bionolle™ Polybutylene succinate-co-adipate + + + 
23. Poly(ethylene succinate) − + − 
a Hydrolytic activity was assayed using agarose plates with emulsified substrates and evaluated 
based on the formation of a clear zone (halo) in the agarose. 
b Solid PLA was used as substrate. 
We also analyzed the phylogenetic relatedness of ABO2449 and RPA1511 to the previously 
characterized PLA and PHB depolymerases including both protease- and cutinase/esterase-type 
enzymes as well as representative esterases and lipases from different families.55 As shown in 
Figure S3, both ABO2449 and RPA1511 clustered with the esterases from family V, which also 
include poly (3-hydroxyalkanoate) depolymerase PhaB from Pseudomonas oleovorans, whereas 
known esterase-type PLA depolymerases were associated with other phylogenetic groups (Figure 
S3). In the esterase family V, both ABO2449 and RPA1511 clustered with the poly (3-
hydroxyalkanoate) depolymerase PhaB from Ps. oleovorans 55, 56, but they belong to different 
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subfamilies (Figure S3). On the other hand, most of known PLA depolymerases including 
metagenome-derived PlaM4, PlaM5, PlaM7, and PlaM8, as well as the PLA depolymerase PlaA 
from Paenibacillus amylolyticus were associated with esterase family I, whereas the 
metagenomic PLA depolymerase PlaM9 belongs to esterase family VI (Figure S3). Type II 
polyester hydrolyzing enzymes (lipase/cutinase-type) including PLA depolymerases are 
distributed across esterase families I, V, and VI and exhibit significant phylogenetic diversity. 
Hydrolysis of solid PLA by ABO2449 and RPA1511. For applications in enzyme-based 
PLA recycling, it is important that PLA depolymerases hydrolyze solid PLA. It has been 
proposed that the binding of PLA degrading enzymes to solid PLA particles and their 




Figure 2. Production of lactic acid from solid PLA10 by purified RPA1511, ABO2449 and 
PlaM4. The reaction mixtures (1 ml) contained solid PLA10 powder (12 mg) in 0.4 M Tris-HCl 
(pH 8.0) and 50 μg of purified enzyme (and 0.1 % (w/v) Plysurf A210G for ABO2449). Samples 
were clarified using centrifugal filters (MWCO 10 kDa), and monomeric lactic acid was 
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analyzed using a lactate dehydrogenase assay. For the analysis of total lactic acid (monomeric 
and oligomeric) in flow-through fractions, aliquots were treated with 10 M NaOH (95 °C, 5 min) 
before lactate dehydrogenase assays. 
Therefore, we also determined PLA depolymerization activity of RPA1511 and ABO2449 
against solid PLA10 powder by measuring the amount of lactic acid produced using lactate 
dehydrogenase as a reporter enzyme. RPA1511 released significant amounts of lactic acid (as a 
mixture of monomers and oligomers) from solid PLA10 and degraded almost 40% of PLA 
within 36 hours of incubation (Figure 2). In the absence of detergent, ABO2449 produced little 
lactic acid during this incubation time, but in the presence of 0.1% Plysurf A210G it quickly 
degraded solid PLA10 (90% conversion) to lactic acid (Figure 2).  We suggest that this detergent 
facilitates binding of ABO2449 to solid PLA, because the detergent showed no stimulating effect 
on the enzyme activity against the monoester substrate α-naphthyl propionate (Figure S4). In 
contrast, the assays with α-naphthyl propionate revealed significant inhibition of the three 
enzymes by Plysurf A210G, Triton X-100, and Tween-20 at concentrations 0.1-0.5%. Compared 
to PlaM4, RPA1511 was more sensitive to the presence of detergents (Figure S4) explaining the 
lower activity of this enzyme in agar-based screens with emulsified PLA (Figure 1). 
The insoluble products of solid PLA hydrolysis by ABO2449 and RPA1511 were analyzed by 
gel permeation chromatography (GPC), whereas liquid chromatography – mass spectrometry 
(LC-MS) was used for the analysis of soluble reaction products (Figure 3, Figure S5). After two 
hours of enzyme incubation with solid PLA18, GPC analysis of the PLA particles dissolved in 
THF revealed the presence of one major PLA product for RPA1511 with number average 
molecular weight (Mn) of 186 Da, whereas two product peaks were found for ABO2449 (Mn 
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374 and 72 Da, see Table S2). This is consistent with higher hydrolytic activity of ABO2449 
compared to RPA1511. 
 
Figure 3. LC-MS analysis of reaction products of solid PLA hydrolysis by purified RPA1511 
and ABO2449. Reaction mixtures (1.0 ml) contained 0.4 M Tris-HCl (pH 8.0), solid PLA10 (20 
mg), and enzyme (50 µg). Samples were collected after O/N incubation at 35 °C, filtered by 
centrifugation and analyzed by LC-MS as described in the Experimental Section. Each peak is 
labeled with a number representing the oligomeric state of these polyester species. 
After incubation of enzymes with solid PLA10, the soluble reaction products were separated 
on a C18 column and analyzed using an Orbitrap MS system. As shown in Figure 3, ABO2449 
and RPA1511 produced similar sets of hydrolysis products including lactic acid monomers and 
oligomers with different chain lengths (n = 2-13). Longer PLA oligomers could not be reliably 
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detected due to their low aqueous solubility.  The observed mass-to-charge ratios of all products 
were in accordance with the expected theoretical values of detected molecules (Table S3).  
Product analysis of solid PLA hydrolysis by ABO2449 and RPA1511 suggests that like other 
hydrolases active against polymeric substrates (e.g. nucleases and proteases), ABO2449 and 
RPA1511 can potentially exhibit both exo- and endo-esterase types of cleavage. This is 
supported by significant activity of both enzymes against both emulsified and solid PLA10 
substrates with the decanoyl-capped alcohol, or acid, or both polymer ends (0.3% to 32% of that 
with uncapped PLA). This is in accordance with previous reports on PHB and PLA degrading 
enzymes suggesting the presence of both endo- and exo-type of hydrolysis. 13, 32, 57, 58 In addition, 
our results indicate that in carboxyl esterases the ability to cleave insoluble substrates is not 
limited to lipases (family I), but can also be observed in carboxyl esterases from the family V. 
Hydrolytic activity of ABO2449 and RPA1511 against monoester substrates. In addition 
to polyester substrates, both ABO2449 and RPA1511 were also active against a range of soluble 
naphthyl- and nitrophenyl-esters with different acyl chain lengths (C1-C5) with the highest 
activity against the C2-C4 substrates (Figure 4).  
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Figure 4. Activity of RPA1511 and ABO2449 against model esterase substrates. The reaction 
mixtures (200 μl) contained 0.5 mM pNP- or 1.5 mM naphthyl ester substrates, and 10 μg of 
RPA1511 (A) or 0.5 μg of ABO2449 (B). Experimental conditions were as described in 
Materials and Methods. Results are means ± S.D. from at least two independent determinations. 
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Similar to our results with polyester substrates, ABO2449 was more active than RPA1511 
(Figure 4). Using α-naphthyl propionate as substrate, both enzymes exhibited significant activity 
within a broad pH range (pH 7-11) with the maximal rates of hydrolysis at pH 9.5-10.0 (Figure 
S6). This is close to the optimal pH for PLA depolymerization reported for the esterase PlaA 
from Paenibacillus amylolyticus23, and proteases from Amycolatopsis sp. strain K104-128 and 
Am. orientalis ssp. orientalis59. Both proteins retained significant esterase activity in the presence 
of up to 3 M NaCl (Figure S6). While the maximal activity of ABO2449 was observed in the 
absence of NaCl, RPA1511 was slightly stimulated at 0.5 M NaCl, but higher NaCl 
concentrations were inhibiting. For practical applications, alkaliphilic and salt-resistant PLA 
depolymerases would be of particular interest, since they can be used for PLA depolymerization 
in combination with chemical catalysts. Both enzymes hydrolyzed α-naphthyl propionate within 
a broad range of temperatures, but had dissimilar temperature profiles (Figure 5). 
ABO2449 showed the highest esterase activity at 30-37 °C, whereas for RPA1511 the optimal 
temperature was 55-60 °C. At 5 °C, ABO2449 retained 32% of its maximal activity (observed at 
30 °C) suggesting that it is a cold-adapted esterase, which is consistent with the ability of Al. 
borkumensis to grow at 4 °C.60 Compared to ABO2449, RPA1511 retained higher activity at 55-
65 °C that is typical for mesophilic esterases (Figure 5). The temperature profiles for esterase 
activity of ABO2449 and RPA1511 correlated with their overall thermostability determined by 
measuring protein aggregation as a function of temperature. These assays revealed a significantly 
lower thermostability of ABO2449 (Tagg = 32.3 ± 0.5 °C) compared to that of RPA1511 (Tagg = 




Figure 5. Effect of temperature on esterase activity of RPA1511 (A), and ABO2449 (B). 
Esterase activity of purified proteins was measured at different temperatures using α-naphthyl 
propionate (1.5 mM) as substrate and 10 μg of RPA1511 (A) or 0.5 μg of ABO2449 (B). Results 
are means ± S.D. from at least two independent determinations. 
To further characterize the substrate range of ABO2449 and RPA1511, the purified proteins 
were screened against a library of 86 soluble monoester substrates using a pH shift assay (Table 
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S1). Both enzymes exhibited significant esterase activity toward different alkyl and aryl esters 
(Figure 6). RPA1511 showed the highest activity against tricaprylin (C8 acyl chains) and 
tricaproin (C6 acyl chains), whereas ABO2449 preferred tributyrin (C4). Both enzymes were 
also active against several halogenated alkyl and aryl esters (Figure 6). The enantioselectivity of 
the two enzymes was evaluated using 8 pairs of stereo-isomeric monoesters as substrates (Table 
S1; substrates 1-10, 44-49). Only RPA1511 showed activity against (1R)-(−)-neomenthyl 
acetate, suggesting a preference toward (R)-enantiomers (Figure 6). 
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Figure 6. Substrate profiles for RPA1511 (A) and ABO2449 (B) against soluble monoester 
substrates. Esterase activity of purified proteins was measured against a library of 89 soluble 
monoester substrates, and substrates supporting significant activity are shown on the graphs. 
ABO2449 exhibited saturation kinetics with most of the positive monoester substrates (except 
for α-naphthyl butyrate and p-NP-propionate) with high catalytic rates against both α-naphthyl 
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and p-NP substrates (Table S4). This enzyme has the highest affinity (low Km) to vinyl laurate 
(Km 0.12 mM) and α-naphthyl acetate (Km 0.24 mM) and high catalytic efficiency (kcat/Km) 
toward α-naphthyl acetate, α-naphthyl propionate, and pNP-butyrate (Table S4). In contrast to 
ABO2449, RPA1511 showed no saturation kinetics with monoester substrates suggesting that 
the reaction rate might be limited by the binding of these substrates to RPA1511. 
Crystal structure and active site of RPA1511. Purified RPA1511 and ABO2449 were 
subjected to crystallization trials, and the crystal structure of RPA1511 was determined at 2.2 Å 
resolution (Table S5) using the diffraction data collected from seleno-methionine-substituted 
crystals of the protein. The structure revealed a core domain with a classical α/β hydrolase fold 




Figure 7. Crystal structure of RPA1511: overall fold and catalytic triad. (A), overall structure of 
the RPA1511 protomer shown in three views related by a 90° rotation. The protein core domain 
is shown in gray, whereas the lid domain is colored in cyan. The position of the active site is 
indicated by the side chain of the catalytic Ser114. (B), RPA1511 protomer with bound PEG 
3350 (dodecaethylene glycol, shown as sticks). 2Fo-Fc map contoured at 1.0 σ displayed (shown 
as a blue mesh) around the dodecaethylene glycol molecule (colored in orange). (C), Surface 
presentation of the RPA1511 protomer revealing the entrance into the active site with bound 
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PEG 3350 (shown as green sticks). Electrostatic potential mapped onto the solvent accessible 
protein surface with red color representing potential below 5kT, blue above 5 kT, and white as 
neutral. (D), Close-up view of the dodecaethylene glycol molecule (PEG 3350) bound close to 
the catalytic triad Ser114, His270, and Asp242 (shown as sticks along the protein ribbon colored 
in gray). (E), Close-up view of the RPA1511 active site with bound PEG 3350. The protein 
ribbon is colored in gray with amino acid side chains shown as sticks and carbon atoms colored 
in green. The bound PEG 3350 molecule is shown as sticks with the carbon atoms colored in 
magenta. 
Although the analysis of the crystal contacts using the quaternary prediction server PISA 
suggested that RPA1511 may form dimers or tetramers in solution, the results of size-exclusion 
chromatography of RPA1511 suggest that the protein exists as a mixture of monomers and 
trimers in solution (observed molecular mass, 43.9 and 123.5 kDa; predicted molecular mass, 
34.1 kDa). Like in the “canonical” α/β hydrolase fold, 61 the core domain β-sheet of RPA1511 
contains eight parallel β-strands, with the exception of the antiparallel β2 (Figure 7A). The β-
sheet is surrounded by four α-helices on one side and three α-helices on another side. On the top, 
the core domain is covered by five α-helices forming a lid domain. It has a U-like shape and is 
positioned above the catalytic Ser114 leaving the active site cavity open and accessible to solvent 
(Figure 7A). 
A Dali search62 for structurally homologous proteins in the PDB revealed hundreds of 
homologous α/β hydrolases with top homologous structures including meta-cleavage product 
hydrolases from Sphingomonas wittichii (PDB code 4LYD, Z-score 30.5, rmsd 2.2 Å) and 
Janthinobacterium sp. strain J3 (PDB code 1J1I; z-score 30.2, rmsd 2.1 Å) that catalyze C-C 
bond hydrolysis as part of various aromatic degradation pathways. Other similar structures 
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include the putative lipase Lip1 from Acinetobacter baumannii AYE (PDB code 4OPM; Z-score 
29.1, rmsd 2.4 Å) and the fluoroacetate dehalogenase RPA1163 from R. palustris (PDB code 
3R41; Z-score 29.0, rmsd 2.5). However, in our experiments the purified fluoroacetate 
dehalogenase RPA1163 showed no hydrolytic activity against PLA10 both in plate-based and 
liquid turbidimetric screens indicating that additional structural features beyond those in 
common must contribute to the presence of PLA depolymerization activity. 
The crystal structure of RPA1511 also revealed a Ser hydrolase catalytic triad with the 
nucleophilic Ser114 located on the classical nucleophilic elbow that is a short loop connecting 
the β5 strand and α4 helix (Figure 7). The RPA1511 catalytic triad also includes His270 (3.4 Å 
from Ser114) and Asp242 (2.7 Å from His270) (Figure 7D). Based on a classical Ser hydrolase 
mechanism, the nucleophilic Ser114 is deprotonated by the His270-Asp242 general base and 
attacks the carbon atom of the ester bond carbonyl group. The produced tetrahedral intermediate-
1 is stabilized by hydrogen bonds with the RPA1511 oxyanion hole, which based on the 
RPA1511 structure appears to include the main chain NH groups of Ala115 and Thr48 (3.1 Å 
and 5.2 Å to Ser114, respectively). As shown in Figure 7, the substrate acyl-binding pocket of 
RPA1511 is located to the right of the catalytic Ser114 and includes several hydrophobic 
residues (Ile245, Val249). The larger alcohol-binding pocket is positioned to the left of Ser114 
and contains both hydrophobic and polar residues (e.g. Thr48, His113, Phe169, Tyr198, Val202, 
Leu212). Since crystallization trials with purified ABO2449 were unsuccessful, a homology 
model of this enzyme was generated using the protein structure prediction server Phyre263, which 
suggested that its catalytic triad includes Ser120, His275, and Asp247 (Figure S7). 
The RPA1511 structure also revealed the presence of an additional electron density in the 
active site located close to the catalytic Ser114 (4.6 Å) (Figure 7B-D). Based on the elongated 
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linear shape, this density was interpreted as a molecule of polyethylene glycol PEG 3350 
(modeled as dodecaethylene glycol), which was present in the crystallization solution. This 
ligand can be considered as a non-hydrolyzable PLA analogue and likely mimics a PLA 
molecule bound in the RPA1511 active site. Surface potential analysis of the RPA1511 structure 
revealed a narrow active site opening with an essentially neutral surface for the lid domain and 
active site cleft (Figure 7C). One end of the PEG 3350 ligand is buried in the RPA1511 active 
site between the side chains of Met215 (3.7-3.9 Å) and Tyr144 (3.4-4.3 Å) with the terminal OH-
group positioned close to the side chain of Trp218 (4.2 Å) (Figure 7). The main part of the bound 
ligand is located in the alcohol binding site with the second end extending to solvent. The mode 
of ligand positioning in the active site cavity of RPA1511 suggest that this enzyme is likely to be 
able to perform both exo- and endo-esterase cleavage of PLA. 
Potential catalytic mechanism of PLA hydrolysis. The three-dimensional arrangement of the 
catalytic triad residues of RPA1511 is similar to that of related α/β-hydrolases suggesting that 
this enzyme employs a classical Ser hydrolase mechanism for PLA hydrolysis.64 This is 
supported by the results of alanine replacement mutagenesis of both RPA1511 and ABO2449, 
which revealed that the catalytic triad residues are critical for their activity against both PLA and 
α-naphthyl propionate (Figure 8, ABO2449 H275A and D247A are not shown as they were 
found to be insoluble). Based on a classical Ser hydrolase mechanism, in RPA1511 the 
nucleophilic Ser114 is deprotonated by the His270-Asp242 general base and attacks the carbon 
atom of the substrate ester bond carbonyl group. The produced tetrahedral intermediate-1 is 
stabilized by hydrogen bonds with the RPA1511 oxyanion hole which, based on the RPA1511 
structure, appears to include the main chain NH groups of Ala115 and Ala140 (3.1 Å and 4.7 Å 
to Ser114, respectively). The tetrahedral intermediate-1 then breaks down, by general acid 
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catalysis, to a covalent acyl-enzyme intermediate with the polyester moiety attached to Ser114, 
whereas the imidazole group of His270 transfers the proton of the serine hydroxyl to the leaving 
group producing lactic acid (or lactic acid oligomers in the case of endo-esterase cleavage). The 
covalent enzyme intermediate is hydrolyzed by the nucleophilic attack of the catalytic water 
molecule activated by His270 producing the regenerated enzyme and the second reaction product 
(the lactic acid monomer or oligomer). 
Site-directed mutagenesis identified residues important for PLA hydrolysis. To provide 
insight into the role of the RPA1511 and ABO2449 residues in the hydrolysis of polyester 
substrates, we performed site-directed mutagenesis (alanine replacement) of the active site 
residues. The mutated proteins were purified and analyzed for hydrolytic activity against two 
substrates, α-naphthyl propionate (Figure 8A, 8B) and emulsified PLA10 on agarose plates 
(Figure 8C, 8D). In addition to the catalytic triad residues, site-directed mutagenesis identified 
several other residues, which were important for the hydrolysis of both substrates including 
His113, Leu182, and Tyr198 in RPA1511 and Leu32 and Leu249 in ABO2449 (Figure 8). In the 
RPA1511 structure, the side chain of His113 is located close to the catalytic Ser114, whereas the 
side chains of Leu182 and Tyr198 are part of the alcohol-binding pocket suggesting that these 
residues contribute to binding of both monoester and polyester substrates. We also identified a 
number of mutant proteins retaining the wild-type or slightly reduced activity against both 
substrates (RPA1511: Y144A, F169A, L212A, R243A, and I245A; ABO2449: M144A, L163A, 
M183A, F219A, and P302R). Interestingly, RPA1511-V202A showed a significantly higher 
activity against PLA and lower activity toward α-naphthyl propionate compared to the wild type 
protein suggesting that the Val202 side chain might interfere with PLA binding.   
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Figure 8. Site-directed mutagenesis of RPA1511 and ABO2449: esterase activity of purified 
proteins.  Enzymatic activity of the purified wild type (WT) and mutant proteins was measured 
using α-naphthyl propionate (1.5 mM, 15 min incubation at 30 °C; panels A and B) or PLA10 
(24 h incubation at 30 °C; panels C and D) as substrates. The reaction mixtures contained: 
RPA1511, 10 μg (A) or 50 µg (C); ABO2449, 0.5 μg (B) or 50 µg (D). WT, wild-type. 
Most importantly, site-directed mutagenesis revealed the residues that were essential for PLA 
hydrolysis, but not required for activity against α-naphthyl propionate (Figure 8). In RPA1511, 
these residues include Thr48, Gln172, Arg181, Leu212, Met215, Trp218, Leu220, and Lys252, 
whereas Phe38 and Leu152 were identified in ABO2449 (Figure 8). In the RPA1511 structure, 
four of these residues (Thr48, Gln172, Met215, and Trp218) are in direct contact or close to the 
bound polyethylene glycol ligand (PLA analog) suggesting that these residues are likely to be 
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involved in PLA binding. Although the other three residues (Arg181, Leu220, and Lys252) were 
not in direct contact with the bound PEG ligand, they might potentially contribute to the binding 
of longer PLA molecules. Thus, the active site of RPA1511 includes several hydrophobic, polar, 
and charged residues, which can establish hydrophobic or H-bond interactions with the PLA side 
chain methyl and carbonyl groups. Sequence analysis revealed that Leu212, Met215, Trp218, 
and Leu220 showed significant conservation and are present in many uncharacterized proteins. 
However, these residues could not be identified in the sequence of ABO2449, suggesting a 
different mode of PLA binding for this protein. 
Analysis of the crystal structures of the PHB depolymerases from Penicillium funiculosum65 
and Paucimonas lemoignei (PhaZ7)66 revealed the presence of conserved tryptophan residues in 
their active sites (Trp310 and Trp287, respectively), which appear to be involved in polymeric 
substrate binding. However, the role of these Trp residues in PHB hydrolysis has not yet been 
investigated. In contrast, no homologous Trp residues were found in the active sites of many 
carboxyl esterases and lipases, for which PLA degrading activity has not been reported (e.g. 
PDB codes 1I6W, 4LIP, 4X6U, 3GUU, 4CCW, 3I6Y). This suggests that the RPA1511 Trp218 
and homologous Trp residues in the active sites of PHB depolymerases play an important role in 
the coordination and hydrolysis of the polyester substrate. We propose that for some α/β-
hydrolases the presence of similarly positioned Trp residues in the active sites might represent a 
structural motif for the potential hydrolytic activity against polyester substrates. Additional 
biochemical and structural studies are in progress to verify the role of conserved Trp residues in 
the active site of PLA depolymerases and to provide further insights into the molecular 




We have identified two highly active novel microbial carboxyl esterases ABO2449 and 
RPA1511 that can efficiently hydrolyze PLA and other polyesters, as well as soluble monoester 
substrates. In contrast to proteinase K which is active against L-PLA19, both ABO2449 and 
RPA1511 appear to be specific for D,L-PLA as they showed no activity against either L-PLA or 
D-PLA  (Table 1). ABO2449 completely degraded both emulsified and solid PLA substrates 
within several hours or two days (over 90% conversion). The crystal structure of RPA1511 
revealed the presence of a polyethylene glycol molecule bound in the active site close to the 
catalytic Ser114, likely mimicking the bound PLA substrate (Figure 7, 8). The position of bound 
ligand in the RPA1511 active site and analysis of the PLA hydrolysis products suggest that this 
enzyme can perform both endo- and exo-esterase cleavage of PLA. Using structure-based site-
directed mutagenesis, we identified several residues of RPA1511 that were essential for PLA 
hydrolysis, but not required for activity against a soluble monoester substrate. These residues 
represent a potential structural motif for PLA binding, and further characterization will help to 
narrow the search for novel PLA depolymerases based on sequence analysis. 
PLA and its copolymers are man-made, and thus not natural substrates for microbial esterases.  
PLA hydrolysis activity stems from enzyme promiscuity which is important for the evolution of 
novel enzymes in nature and for biotechnological applications.67-69 Global genome and 
metagenome sequencing efforts generated millions of genes with unknown function. Enzymatic 
screening of uncharacterized proteins from sequenced genomes for hydrolytic activity against 
unusual polyester substrates is bound to reveal many new depolymerases with interesting 
properties for potential applications in plastics recycling, and provide additional sequence and 




Turbidimetric PLA depolymerase assay, protein sequence alignment, phylogenetic analysis of 
esterase-type PLA depolymerases, effect of detergents, GPC analysis of solid PLA hydrolysis 
products, pH and NaCl on esterase activity, structural model of ABO2449 as well as tables of 86 
ester substrates, molecular weight characteristics of solid PLA hydrolysis products, LC-MS 
analysis of oligomeric composition of different lactic acid species, kinetic parameters of 
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